INTRODUCTION
In a living organism, many cell types undergo extensive migration relative to their surrounding tissue to fulfill their biological function. Examples of this include fibroblast locomotion during wound healing, macrophage migration in response to a pathogen, and the extension of growth cones during neuronal organization, as well as in some important pathogenic states, for example, in the migration of metastatic cells (1) .
The crawling movement of metazoan cells results from coordinated changes in cell shape, orchestrated by a continuous remodeling of the actin cytoskeleton (2, 3) . Typically, migrating cells display a characteristic polarization with one or more broad, flat, ruffling lamellipodia extending in the direction of migration (the leading edge) and a retracting tail at the rear of the cell. Establishment of this cell shape, characteristic for a motile phenotype, requires a dynamic reorganization of the actin cytoskeleton, leading to the generation of forces necessary for cell body translocation (4) (Movie 1; Table 1 ).
Extension of the leading edge is the first and most important step of cell motility. Abercrombie and colleagues (5, 6) described the lamellipodium as the primary organelle of cell motility using time-lapse cinematography and electron microscopy. The lamellipodium is the motor where new actin filaments are generated. This was demonstrated in experiments performed by microinjecting fluorescent actin probes into fibroblasts and observing their dynamics during motility. Such experiments showed clearly that lamellipodia were the major "filament factory" of the cell (Movie 1; Table 1 ). The discovery of numerous regulatory proteins together with actin in the lamellipodium indicates that this organelle should not be considered solely as a polymerization machine but as a complex structure that is able to integrate signals (7) .
MICROSCOPY OF THE LAMELLIPODIUM
Depending on cell type, lamellipodial morphology can vary from a single large, persistent lamellipodium in the case of keratocytes to several unstable lamellipodia, as for fibroblasts, epithelial cells, leukocytes, and neuronal processes. A lamellipodium can vary in breadth from 1 to 5 µm and can exhibit highly variable numbers of radiating actin bundles; if these bundles extend significantly from the lamellipodium, they are named filopodia, while bundles of actin embedded into the lamellipodium are often referred to as microspikes ( Figure 1, A and B) .
Not all cells are suitable for the study of lamellipodia, owing to their sensitivity to fixation or to a preponderance of ruffling cell edges, which complicate structural investigations. Examples of commonly used lines for the study of lamellipodia include mouse melanoma cells (B16), mouse fibroblasts (NIH3T3), rat fibroblasts (3Y1, Rat2), fish fibroblasts (CAR), macrophage cells (Bac), and neuronal cells (NG108, PC12).
To facilitate structural studies, it is often necessary to induce extensive lamellipodia in cells. There are different ways to stimulate cell protrusion. These include plating the cells onto different substrata such as poly-L-lysine, laminin, or fibronectin ( Figure 2) ; the use of drug treatments such as aluminum fluoride (a stimulator of G-proteins) and phorbol esters; or microinjection or transfection with different proteins. For example, microinjection of low concentrations of Rac1 and local or global application of relaxing drugs like myosin inhibitor ML7 or Rho kinase inhibitor Y27632 lead to hyper motile phenotypes with extensive lamellipodia.
EXPLORATION OF LAMELLIPODIUM FUNCTION AT THE CELLULAR LEVEL: LIGHT MICROSCOPY
Light microscopy resolves detail in the range of 300-500 nm. In bright-field microscopy, both phase-contrast and Nomarski interference are used for the observation of lamellipodia. Resolution is improved by the application of digital background subtraction strategies. Two basic methods of fluorescence microscopy, observation of fixed cells by classical immunofluorescence and live-cell microscopy using fluorescent probes, are now employed for the observation of lamellipodia (8) .
Immunofluorescence on fixed cells allows the localization of lamellipodium proteins at a single point in time for each cell, whereas live-cell microscopy facilitates investigations of the dynamics of these proteins in response to different experimental conditions.
Immunofluorescence of Fixed Cells
Because of the thickness of the lamellipodium (100-200 nm) and its consequent fragility, specific methods of preparation are required to preserve the structure, organization, and correct localization of actin and resident proteins for microscopic observation. For high-resolution analysis, cells should be plated on glass coverslips. Here considerations of cell density, substrates, and mode of cell stimulation, if any, are important.
There are mainly three ways to process cells to retain their structural organization: fixation by cross-linking reagents, by precipitation, and by freezing. Chemical fixation is the only practical method for immunofluorescence microscopy because the cells must be stabilized enough to resist distortions during the labeling steps. In one generally useful protocol, extraction and fixation are performed in a two-step procedure (9) . (i) A mixture of formaldehyde, glutaraldehyde, and Triton in a specific "Cytoskeleton Buffer" is used for 3 min to pre-fix and extract cells (9) . (ii) This is followed by post-fixation for 30 min in 4% formaldehyde. Here the filopodia and lamellipodia of numerous cell types are well preserved. (Suitable protocols with an explanation of the properties of different fixatives can be found in Table 1 , Immunofluorescence protocols.)
After permeabilization and fixation, cells are processed for fluorescence staining. Depending on the target protein, different approaches such as immunofluorescence (using specific antibodies) or staining with fluorescently labeled toxins can be used. Immunofluorescence was first applied by Lazarides and colleagues (10) to localize actin in non-muscle cells.
Subsequently, it was found that the toxins phalloidin and phallacidin were ideal probes for labeling actin filaments (11, 12) . These drugs, extracted from the mushroom Amanita phalloides, are able to bind F-actin with a very high affinity after extraction and fixation of cells. It should be noted that phalloidin does not recognize actin that is in a non-polymer state, however. Incidentally, the drug paclitaxel can be used to visualize microtubules in a similar way to phalloidin.
Exploration of Lamellipodium Dynamics
Recently, substantial progress in characterizing proteins involved in lamellipodium protrusion has come from the use of GFP to tag proteins involved in motility in combination with live-cell microscopy (13) . Before the discovery of GFP in 1994 (14) , the only way to visualize cytoskeleton dynamics was via the microinjection of purified and fluorescently labeled proteins. Now, GFP from the jellyfish Aequora victoria has become the tool of choice for visualizing various molecular events in the cell.
Transient transfection is a straightforward procedure: one day before an experiment, cells are transfected with DNA encoding GFP-fused protein and then plated on coverslips and mounted in a temperature regulated chamber on an inverted microscope for direct observation. Using this method, the localization of numerous lamellipodial proteins can be observed. Two examples include a movie of GFPActin transfected into 3Y1 cells plated on poly-L-lysine (Movie 2; Table 1 ) and a movie of the dynamics of GFP-VASP transfected into B16 cells and plated onto laminin (Movie 3; Table 1 ) (15) .
The development of derivatives of GFP (16, 17) now allows the use of cyan and yellow variants together with red fluorescent protein to follow re-localization of more than one protein in living cells. Using this approach, signals from two sources can be obtained; for example, microtubules were observed to target early focal adhesions, using GFP-tubulin and RFP-Zyxin (Movie 4; Table 1 ) (18).
An alternative approach for the observation of the in vivo localization of proteins is microinjection of fluorescently labeled proteins. For example, cells transfected with a GFP-EB1 construct (microtubule tip binding protein) were microinjected with recombinant rhodamin-tubulin and TAMRA-vinculin (Movie 5; Table 1 ).
The additional advantage of live microscopy is the possibility of manipulating cells under the microscope, either chemically or mechanically, to detect changes in molecular dynamics in response to external stimuli. Examples include the local application of tension (19) or of drugs (20) .
Alternative Strategies for Probing Structure-Function Relationships
Confocal (point scanning or spinning disc technology) and wide-field microscopy combined with deconvolution are two methods widely used to acquire stacks of images at different focal planes (z location) that after processing will reveal the 3-D distribution of proteins (see Table 1 for various links on introductory concepts in microscopy). Because confocal and deconvolved images give access to very thin focal planes, co-localization of proteins can be easily determined.
Other techniques extending the possibilities of live microscopy are now used to explore lamellipodial function. Speckle microscopy ( Table 1 , Clare Waterman-Storer Laboratory) is a tool that reveals and quantifies the assembly, dynamics, movement, and turnover of proteins (21) . For example, the analysis of actin filament turnover in lamellipodia of living cells was performed using this method (22) . The method uses a very low concentration of fluorescent probes microinjected or transfected into cells. Observation is performed using a wide-field or confocal fluorescent microscope coupled to a low-noise cooled charged-coupled device cam- BioImaging era. The use of very low probe concentrations leads to an incomplete or "speckled" labeling of the structures in the cell (e.g., actin filaments and microtubules) that incorporate the probe. Under these conditions, the movement of the speckles gives information about the turnover of the labeled filaments. Fluorescent resonance energy transfer (FRET) is also a widely used technique for the detection of protein/protein interactions in vivo, to measure protein interactions discovered by molecular biology and biochemistry. FRET is a process whereby energy from an excited donor fluorophore is transferred to an acceptor fluorophore within a nanometer range. This technique can be used on fixed cells but gives more information when used on living cells (23) . For FRET, pairs of fluorophores like GFP/Cyanin 3 or CFP/YFP are used. This approach was used to reveal the small GTPase Rac1 activation dynamics in lamellipodium of living cells (24) using GFP and Alexa-546 probes, or CFP/YFP probes (25) .
INCREASING RESOLUTION TO THE MOLECULAR LEVEL: ELECTRON MICROSCOPY
Light microscopy provides highly informative images, stunning movie sequences, and also visually very appealing pictures of multiple immunofluorescence. However, the details of the organization of filaments within the actin networks, how they are cross-linked in space, and details of where associated proteins are localized in these arrays are beyond the resolution of the light microscope. The improved resolution of electron microscopy is required to address these questions either alone or in combination with light microscopy (26) (27) (28) .
Classical Approaches
When it comes to transmission electron microscopy (TEM), most people think of ultra-thin resin-embedded sections. However, this is not necessary for the study of lamellipodia in the electron microscope. Since the lamellipodium is a very thin organelle (100-200 nm), it can be viewed as a whole even in the TEM. All of the techniques presented here use dehydrated whole-cell mounts as introduced by Porter and colleagues (29) . To visualize cytoskeletal structures that are covered with membranes and buried in an environment of cytosolic proteins, all the classical approaches rely on a mild detergent extraction. In contrast to the permeabilization protocols employed for light microscopy, these extraction procedures need to remove the membrane and the cytosolic proteins completely to leave only the set of insoluble proteins behind-which is, by definition, the cytoskeleton. Further processing steps then differ considerably according to the chosen method and will be outlined below (8) .
Heuser and co-workers (30) and other groups extracted and fixed cytoskeletons and subsequently slammed them onto a copper block at liquid helium temperature for rapid freezing. The frozen samples are transferred to a vacuum evaporator where the ice is allowed to sublime at -95°C ("freeze drying/etching"); after rotary shadowing with metal (to increase the contrast) and carbon, the replicas of these structures are mounted onto grids. A recent application of this method with minor modifications is described previously (31) .
The images produced with this technique show a high degree of three-dimensionality (Figure 3a ) and good contrast; the three filamentous components of the cytoskeleton can be distinguished solely by their surface morphology. However, when compared to the results obtained using other methods, the linearity of the filaments seems to be lost; highly interconnected filaments dominate. The use of distilled water for washing and of methanol as a cryoprotectant in the original protocols may have contributed to these putative distortions. However, since these treatments were brief, the possibility cannot be excluded that the local growth of ice crystals, which can cause structural damage, during the freezing process or by means of recrystallization at -95°C may have occurred.
Another important advancement in the field of ultrastructural visualization of the cytoskeleton was introduced by Tanya Svitkina from Gary Borisy's laboratory (32) : These authors combined an extraction/fixation procedure optimized for cytoskeletons with critical point drying, a technique routinely used for scanning electron microscopy. Together with metal shadowing, this method yielded very impressive im- BioImaging ages that were readily accepted by the cytoskeleton community. In brief [a detailed protocol is available from their Web site (Table 1 , Gary Borisy Laboratory)], cells grown on coverslips are extracted in the presence of polyethylene glycol to minimize the loss of cytoskeletal material. They are then subjected to a strong fixation followed by dehydration. After, they are transferred to an environment of liquid carbon dioxide and dried by raising the temperature and pressure above the critical values. Here, distortions due to the gas/liquid boundary should be avoided. Platinum replicas of the cytoskeletons, which can be mounted onto grids, are produced in a high vacuum evaporator.
One of the major conclusions (28) reached by this approach was that the actin network of the lamellipodium is extensively branched ( Figure 3b) ; a large number of Y-junctions thought to be the nucleation points of new filaments could be identified. This branched organization is attributed to Arp2/3 (33), a multi-protein complex that could be shown to cause actin filament branching in vitro. However, these results were questioned by the finding that such Y-junctions could be observed even in samples of pure F-actin without Arp2/3 after the protocol employed by these authors (34) . This suggests that the number of branches might be lower than generally expected; a final consensus on this question has not yet been reached.
An alternative approach to visualizing the cytoskeleton networks is provided by the negative staining method. It is very straightforward and requires no special equipment (for a detailed protocol, see Reference 35) . Following a brief extraction of the cells in the presence of fixative and a longer post-fixation, the cytoskeletons are rinsed with a solution of a heavy metal salt in a final step. Upon air-drying, these salts form a shell around the filaments, which themselves exclude the electron-dense stain. Air drying (gas/liquid phase boundary) leads to flattening of the sample and is a major concern with this technique. Furthermore, the choice of a stain close to neutral pH is a critical factor; conventional stains such as uranyl acetate cause more collapse and some distortion and aggregation of the filaments. Nevertheless, this technique has delivered images of lamellipodia with filaments in remarkable order (Figure 3c ) (8, 36) . This suggests that the one-step negative stain method is less damaging than the multiple-step methods described above.
The visualization of cytoskeletal assemblies is not restricted to TEM. A number of unpublished approaches was developed already to visualize these samples by scanning electron microscopy (SEM) and a resolution similar to that achieved by Svitkina's technique (32) could be obtained (R. Wepf, unpublished). However, as for TEM, classical SEM also requires quite extensive processing of the sample so that similar reservations hold about the possibility of introducing artifacts at different steps of the procedure. These might be obviated by the use of cryotechniques, but experience with this is still limited.
Fully Hydrated Cryosamples
As outlined above, one crucial step for the ultrastructural preservation of actin networks is the processing required for dehydration. In molecular electron microscopy, this problem is now mostly circumvented by observing fully hydrated and unstained specimens at liquid nitrogen or liquid helium temperature. The approach is referred to as "cryoelectron microscopy" (37) , and it avoids artifacts introduced by fixation, dehydration, and staining.
To prevent the formation of destructive ice crystals during freezing, samples are cooled at approximately 10 4 K/s, which is done in liquid ethane or propane, yielding samples embedded in vitrified or amorphously "frozen" water (38) that have to be maintained below recrystallization temperature in the microscope. Except for some specialized applications (39) , there is also no heavy metal stain introduced, so the contrast in the final image relies mainly on the phase contrast by the biological material and is therefore very low; it is defined by the amount of defocus (38) . An additional problem is the damage of the hydrated biological matter and the surrounding vitrified water by the electron beam; the radiation that samples are exposed to in conventional TEM was compared to a nuclear explosion. Practically, this means that the electron dose has to be kept below a certain thres- BioImaging hold, which is of particular importance if multiple exposures are to be taken.
The application of this technique to larger structures or even whole cells has so far been limited (40) , but two recent publications showed the feasibility of visualizing cytoskeletal assemblies in quick frozen samples. Resch et al. (34) demonstrated that the investigation of fixed and frozen hydrated cytoskeletons can yield high-resolution images of actin assemblies in lamellipodia (Figure 3d) , filopodia, and further inside the cell. Nevertheless, this approach is still limited by the extraction, which is necessary to visualize the networks clearly; artifactual modifications of the networks by the loss of actin or its cross-linking proteins cannot be excluded entirely.
A technique presented in a recent publication by Medalia et al. (41) might help to address this issue along with the problem of resolving the 3-D relationship of the structures inside the lamellipodium. In their work on cryo-electron tomography, the authors from the Baumeister laboratory (41) in Munich presented 3-D reconstructions from the periphery of Dictyostelium cells grown on electron microscopy grids, showing dense actin networks and their connections, intracellular membrane systems, ribosomes, and other macromolecular complexes.
The principle behind electron tomography is to take images of the same sample site at many different tilt angles (e.g., from -60° to +60° at 1.5° increments) around one or two axes. Backprojection algorithms can convert the aligned stack of images into a 3-D volume. To improve the still relatively low signal (low electron exposure) for visualization, advanced noise reduction algorithms have to be applied. The next obvious steps are to apply this system to higher eukaryotic cells along with light microscopic correlation to obtain data where structure and function can be correlated as well as to establish an in silico test system to confirm the validity of the image processing methods used down to a certain resolution limit.
Localization of Proteins in the Electron Microscope
The principles behind immunolocalization of proteins by electron microscopy are the same as outlined above for light microscopy. However, markers other than fluorescent dyes have to be used for electron microscopy. For TEM, almost exclusively gold colloids with a particle size of 5-20 nm are used; these electron-dense markers give a very strong and unambiguous signal. Compared to light microscopy, additional difficulties can arise from the stronger fixation protocols employed for electron microscopy, which lead to a loss of antigenicity. A comprehensive introduction on immunocytochemical methods in electron microscopy and the problems one faces there is described previously (42) .
Examples on successful immunolabeling of conventionally prepared cytoskeletons can be found in Heuser and Kirschner (30) , who identified intermediate filaments by a selective thickening by the antibody binding, Svitkina and Borisy (28) on Arp2/3 with critical point drying technique, and Rottner et al. (15) against VASP in combination with the negative staining approach.
For noninvasive techniques such as cryo-electron tomography, other approaches to localize proteins have to be sought. In this context, Medalia et al. (41) suggest the microinjection of gold-tagged primary antibodies as well as the approach presented in Frangakis et al. (43) , which relies on the identification of macromolecular complexes based on their shape in electron tomograms. This second approach is still limited to larger macromolecular assemblies (>500 kDa) than the ones usually found in lamellipodia.
CONCLUSION
Both light and electron microscopy are indispensable tools for investigating and understanding the mechanisms of lamellipodial protrusion. However, one overriding requirement for all methods should be kept in mind. The preservation of structural features needs to be as close to nature as possible. Unfortunately, this primary goal is often forgotten when the images presented are visually appealing and correspond to what one hopes to see. This is especially true in electron microscopy, and one has to be aware of the advantages and the drawbacks of the individual methods of specimen preparation. Checking fixation procedures and other treatments by comparing cells before and after in the light microscope is a useful precautionary step.
While light microscopy allows a unique insight into the dynamics of crawling cells, by visualizing the distribution of one or more proteins by injected or genetically engineered fluorescent proteins, electron microscopy contributes by improved resolution of structures down to a molecular level. Improvements in digital imaging and in camera sensitivity will give the opportunity to perform confocal (or wide-field deconvolved) time-lapse analysis to reveal the 3-D dynamic of proteins in cells (4-D microscopy). When combined with novel minimally invasive techniques for electron microscopy (such as cyro-electron tomography on whole cells), this will allow us to extend our knowledge of the motor of crawling cells.
